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Abstract
Soil microbial communities regulate global biogeochemical cycles and respond rapidly to changing environmental
conditions. However, understanding how soil microbial communities respond to climate change, and how this influences
biogeochemical cycles, remains a major challenge. This is especially pertinent in alpine regions where climate change is
taking place at double the rate of the global average, with large reductions in snow cover and earlier spring snowmelt
expected as a consequence. Here, we show that spring snowmelt triggers an abrupt transition in the composition of soil
microbial communities of alpine grassland that is closely linked to shifts in soil microbial functioning and biogeochemical
pools and fluxes. Further, by experimentally manipulating snow cover we show that this abrupt seasonal transition in wide-
ranging microbial and biogeochemical soil properties is advanced by earlier snowmelt. Preceding winter conditions did not
change the processes that take place during snowmelt. Our findings emphasise the importance of seasonal dynamics for soil
microbial communities and the biogeochemical cycles that they regulate. Moreover, our findings suggest that earlier spring
snowmelt due to climate change will have far reaching consequences for microbial communities and nutrient cycling in these
globally widespread alpine ecosystems.
Introduction
By regulating global biogeochemical cycles, soil microbial
communities control the availability of key plant nutrients,
soil carbon (C) storage, and a host of other ecosystem
functions [1]. However, mechanistic understanding of the
linkages between soil microbial community composition,
functioning and biogeochemical cycling is limited [2], and
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the effects of climate change on these linkages remains
poorly understood [3]. This hinders the predictive power of
global biogeochemical models, which currently tend to treat
the soil microbial community as a ‘black box’ [4]. If future
global biogeochemical cycles are to be predicted accurately,
an improved mechanistic understanding of the links
between microbial community composition and function-
ing, and biogeochemical cycling, in the context of a chan-
ging climate is urgently needed.
Uncertainty regarding climate change impacts on eco-
system functioning is particularly problematic in alpine
ecosystems. Alpine regions occur at almost all latitudes,
they store significant amounts of C, harbour much biodi-
versity, and provide many ecosystem services [5, 6].
However, they are disproportionately vulnerable to climate
change. Winter snow cover is predicted to decrease by
around 50% at 2500 m elevation by the end of the century
under a high emissions scenario [7], with spring snowmelt
occurring 50–60 days earlier [8]. Changes of this magnitude
will likely have severe ecological impacts due to the
importance of winter snow for alpine ecosystem function-
ing. Snow insulates soil and thereby enables microbial
communities to remain active during winter [9, 10].
Reductions in winter snow cover will diminish this insu-
lating effect, resulting in more frequent and severe freeze-
thaw cycles [11], with uncertain consequences for
microbial-mediated biogeochemical cycles.
Reductions in snow cover are associated with earlier spring
snowmelt [8, 12], which is likely to have significant ecological
impacts because alpine soil microbial communities and bio-
geochemical cycling show strong seasonality [13–15]. Past
studies have shown that ‘winter’ microbial communities with
high microbial biomass and abundance of fungi relative to
bacteria, immobilise large amounts of C, nitrogen (N) and
phosphorus (P), whereas taxonomically distinct ‘summer’
microbial communities have lower biomass, are more bacte-
rially dominated, and immobilise less C, N and P [16–18].
Spring snowmelt triggers the winter to summer transition by
causing sudden changes in osmotic potential due to thawing,
and an end to relatively stable soil microclimatic conditions
beneath the snow [19–21]. This is associated with microbial
cell lysis, leading to large pulses in soil nutrient availability
[20, 22]. However, it remains unknown how tightly coupled
seasonal transitions in alpine soil microbial community com-
position, including the relative abundances of specific bacterial
and fungal taxa, are to broader shifts in microbial functioning
and biogeochemical cycles during spring snowmelt. It also
remains unclear how climate change-induced reductions in
winter snow cover and earlier spring snowmelt might influ-
ence seasonal transitions in soil microbial communities and the
biogeochemical cycles they regulate. Indeed, an increased
frequency and severity of freeze-thaw cycles in soil due to
reduced snow cover during the winter months could impact
microbial and biogeochemical cycles during snowmelt,
regardless of its timing. Any or all of these winter and spring
climate change impacts could potentially lead to cross-season
legacy effects [23, 24]. Earlier spring snowmelt, in particular,
could disrupt the temporal dynamics of plant and soil micro-
bial resource demands [16, 25], with potential consequences
for ecosystem C and N retention in these widespread and
vulnerable mountain ecosystems [26].
Here, we address three research questions. First, are
seasonal transitions in soil microbial community composi-
tion during spring snowmelt closely linked to shifts in soil
microbial functioning and biogeochemical cycling in high
alpine grassland? Second, do changes in snowmelt timing
alter the timing of these transitions? Third, do preceding
winter conditions affect soil microbial and biogeochemical
processes occurring during the phenological phase of




Our experiment was established on high alpine grassland at
Hohe Mut (2650 m) near Obergurgl, Austria (lat. 46.84862,
long. 11.02957). We used 15 5 m × 5 m plots that were
randomly allocated to one of the three snow manipulation
treatments (n= 5 replicates per treatment): snow removal,
snow addition and an untreated control treatment, with
treatments arranged in a completely randomised design
across the site. Snow was manipulated four times between
March and the end of April 2017. During each snow
manipulation, snow was removed from the removal plots to
a depth of <10 cm using a ‘snow blower’ machine or by
hand with shovels, and was evenly added to addition plots.
Snow in control plots was left undisturbed. We recorded the
exact melt-out date, i.e. snowmelt timing, of each plot.
Snow manipulations altered snowmelt timing (Supplemen-
tary Fig. S1) and had a clear impact on soil temperature and
moisture, which were monitored throughout the experiment
using HOBO data loggers (Onset, MA, USA). Plots were
located directly adjacent to each other over a topo-
graphically homogenous area of ca. 375 m2. The soil type, a
shallow podzol [27], and the vegetation, dominated by the
graminoid Carex curvula All., were also homogenous
across the site. Plots were fenced to prevent human and
animal trampling. Mean annual air temperature recorded at
the closest location (Innsbruck University weather station
on Hohe Mut, ca. 1.1 km from our site and at 50 m lower
elevation), was −0.3 °C in 2016 and 2017. Total annual
precipitation recorded at the closest location (Central
Institute for Meteorology and Geodynamics [ZAMG]
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Obergurgl weather station, ca. 2.2 km from our site and ca.
700 m lower elevation) was 814 mm in 2016 and 906 mm
in 2017.
Soil sampling
All sampling was conducted at least 1 m from the edge of the
plots to avoid edge effects. Soil was sampled at six time
points throughout the experiment, which spanned the seasonal
transition from late winter to early summer in 2017. Sampling
took place in late winter (28th March; ‘winter 28/3’ [day/
month format]), during snowmelt (1st and 8th of June;
‘snowmelt 1/6’ and “snowmelt 8/6”, respectively), spring
(12th and 18th of June; ‘spring 12/8’ and “spring 18/6”,
respectively), and early summer (8th July; ‘summer 8/7’). Soil
cores were taken (Ø = 2 cm, depth = 7 cm, where possible,
although some cores were shallower when soil was frozen)
using a steel corer from five randomly chosen locations in
each plot. Soil cores from the same plot were pooled and
homogenised, any vegetation or litter was separated and dis-
carded. Five sub-samples (~200mg) were taken for molecular
analyses, lysed in the field and then stored at −80 °C (see SI
methods for details). Soil samples for enzyme and biogeo-
chemical analyses were sieved (4 mm), stored at 4 °C for up
to 2 weeks, and shipped to Manchester (UK) for further
analysis.
PLFA analyses
Phospholipid fatty acid (PLFA) analyses were used to
assess microbial biomass in total as well as to characterise
the soil microbial community across different kingdoms,
based on the methods of Bligh and Dyer [28] as described
by Bardgett et al. [29] (see SI methods for details).
DNA extraction and profiling of bacterial and fungal
communities
DNA was extracted using ZR soil microbe DNA kit (Zymo
research, CA, USA) under manufacturer’s recommenda-
tions with a few amendments to account for sample pre-
paration (see SI methods for details). Bacterial and fungal
community structure was assessed using rarefied sequence
abundance of the genetic regions encoding for 16S Small
subunit ribosomal RNA (16S rRNA) and the internal tran-
scribed spacer region 2 (ITS2)—targeting bacteria and fungi
respectively. Amplicons were generated under a 2-step
amplification approach (see SI methods), using Illumina
TruSeq tagged primers based upon the primers 784F [30],
V6R2 [31] and flTS73 [32], ITS4R4 [33], with the addition
of a unique custom barcode combination corresponding to
each sample [34]. PCR Products were normalised using
Sequalprep normalisation plates (Invitrogen, CA, USA).
Pooled amplicon libraries were vacuum concentrated and
gel purified. Resultant libraries were quantified using a
Qubit dsDNA HS Assay kit (Invitrogen) and the pool
sequenced at a concentration of 5.4 pM with a 0.6 pM
addition of Illumina generated PhiX control library.
Sequencing was performed on an Illumina MiSeq platform
using V3 chemistry (Illumina Inc., CA, USA).
Sequences were trimmed, quality filtered, de-repli-
cated, and amplicon sequence variant (ASV) tables were
generated using the DADA2 [35] pipeline in R V.3.0.17
[36]. Sequences were processed in R using DADA2 to
quality filter, merge, denoise and assign taxonomies. 16S
rRNA amplicon reads were trimmed to 250 and 220
bases, forward and reverse respectively. ITS2 amplicons
reads were trimmed to 270 and 220 bases, forward and
reverse respectively. Filtering settings were maximum
number of Ns (maxN)= 0, maximum number of expected
errors (maxEE)= (1, 1). The primer sequences were
removed using trimLeft= c(20, 20). Sequences were
dereplicated and the DADA2 core sequence variant
inference algorithm applied. mergePairs was used to
merge sequences and actual sequence variant (ASV)
tables were constructed. Chimeric sequences were
removed using removeBimeraDenovo default settings.
ASVs were subject to taxonomic assignment using
assignTaxonomy at default settings; training databases
were GreenGenes v13.8 [37] and Unite v7.2 [38] for 16S
rRNA and ITS, respectively.
After quality filtering a total of 4,857,571 bacterial (16S
rRNA) and 2,398,955 fungal (ITS2) sequences were used in
the analysis. To account for the effect of sequencing bias the
resultant ASV tables were rarefied to an even depth of
10,083 (16S rRNA) and 5,349 (ITS2), within the ‘phyloseq’
R package [39].
Shotgun metagenomic sequencing
Major functional traits of the soil microbiome were inves-
tigated at three key sampling time points: (i) winter 28/3,
(ii) snowmelt 1/6 and (iii) summer 8/7 on a random subset
of three samples of each treatment (n= 27 samples total).
Approx. 280 ng of extracted DNA per sample was sheared
for 55 s using an E220 Focused-ultrasonicator (Covaris Inc.,
MA, USA) with the following settings: 175W incident
power, 5% duty factor and 200 cycles per burst. Shotgun
metagenomic libraries were prepared using the NEBNext
Ultra II DNA Library Prep Kit for Illumina (New England
Biolabs Inc., MA, USA), with the following modifications
on the manufacturer’s protocol. NEBNext Adaptor for
Illumina was diluted (1:10) and the Adaptor-ligated DNA
samples were purified with size selection for 400‒500 bp
insert size using AMPure XP Beads (Beckman Coulter Inc.,
CA, USA). The purified samples were amplified using 3.5
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μl of i7 and i5 primers of the NEBNext Multiplex Oligos for
Illumina (Dual Index Primers Set 1) kit (New England
Biolabs) and 8 Denaturation/Annealing PCR cycles. The
final products were purified by the Cleanup of PCR reaction
protocol twice with different rations of template DNA:
AMPure XP Beads (0.6 and 0.8, respectively) to completely
remove the PCR primers. The size distribution and con-
centrations of DNA libraries were evaluated on a Fragment
Analyzer Automated CE System (Advanced Analytical
Technologies Inc., CA, USA) using the DNF-473 Standard
Sensitivity NGS Fragment Analysis Kit (1–6000 bp). The
libraries were diluted to 2 nM and sequenced on a HiSeq
2500 Sequencing System (2 × 250 bp Rapid Run mode,
Illumina Inc.) using the HiSeq Rapid SBS v2 (500 cycles)
and HiSeq PE Rapid Cluster v2 kits after equimolar
pooling.
Sequenced metagenomic datasets were demultiplexed
using the bcl2fastq v.2.20.0.422 software [40] with the no-
lane-splitting option. Demultiplexed datasets were pro-
cessed following the suggestions of Johan Sáenz et al. [41].
Forward and reverse reads with minimum alignment length
of 30 bases were merged, adaptor sequences and low
quality bases (<15) were trimmed from the ends of the reads
and short reads (<100 bases) were discarded using Adap-
terRemoval v. 2.1.7 [42]. Reads identified as PhiX (>90%
alignment coverage threshold) were also discarded using
DeconSeq v.0.4.3 [43]. Fastq files were converted to fasta
format using the read_fastq and write_fasta commands of
the Biopieces framework (http://www.biopieces.org). After
quality filtering a total of 7–20 million sequences were used
in the analysis. All the remaining reads were taxonomically
assigned against the non-redundant NCBI database (January
2017) using Kaiju v.1.4.4 [44]. The reads were additionally
annotated to the genes related to the nitrogen cycle against
the NCyc database (100% identity) [45] using Diamond
v0.9.24.125, and genes of carbohydrate-active enzymes
against the dbCAN-HMM V7 database using the hmmscan
command of HMMER 3.1b2 (http://hmmer.org/). Several
steps were run in parallel using the GNU Parallel pro-
gramme [46]. Results were normalised by calculating rela-
tive (%) abundances.
Extracellular enzyme assays
To interrogate soil microbial community functioning, the
potential activity of eight soil extracellular enzymes was
measured (µmol prod. g−1 dry soil h−1). These included
the lignocellulose degrading enzymes β-glucosidase
(GLC), cellobiohydrolase (CBH), β-xylosidase (XYL),
phenol oxidase (POX) and peroxidase (PER), alongside
N-acetylglucosaminidase (NAG), phosphatase (PHO) and
urease (URE). GLC, CBH, XYL, NAG, PHO, POX and
PER were measured photometrically [47, 48], and URE
activity was evaluated by ammonia production [49], see
SI methods for full details. To calculate potential enzyme
activity relative to microbial biomass, i.e. microbial
biomass-specific enzyme activity (nmol prod. nmol−1
PLFA h−1), we divided potential enzyme activities by
total PLFA.
Biogeochemical cycling and other soil properties
To measure plant available NH4
+-N and NO3
−-N, and
dissolved organic nitrogen (DON), 5 g (fresh weight) of soil
was extracted with 25 ml of 1M KCl for NH4
+-N and NO3
--
N, or 35 ml ultrapure (Milli-Q®) H2O for DON, shaken for
1 h (or 10 min for DON), and then extracts were analysed
on a Seal AA3 Segmented Flow Multi-chemistry analyser
(Mequon, WI, USA). To calculate DON we measured total
dissolved N and total dissolved inorganic N (NH4
+-N and
NO3
−-N) simultaneously in each extract, and then sub-
tracted total dissolved inorganic N from total dissolved N
[50]. Net NH4
+-N and NO3
−-N mineralisation rate was
measured as the release of NH4
+-N and NO3
−-N after
incubation of soil samples (5 g) for 14 days at 25 °C [51].
Dissolved (water-extractable) organic carbon (DOC) was
determined by extracting 5 g (fresh weight) of soil in 35 ml
ultrapure (Milli-Q®) water and analysed using a 5000A TOC
analyser (Shimadzu, Japan). All extracts were filtered
through Whatman no. 42 filter papers. Soil pH (1:2.5, soil:
water) was determined using a pH metre (Mettler Toledo,
UK), and soil water content was determined gravime-
trically. Soil total C and N content was measured on oven-
dried soil (105 °C for 48 h) using an Elementar Vario EL
elemental analyser (Hanau, Germany). Soil respiration was
measured in the field using a soil respiration chamber with
built-in fan (SRC; PP Systems, MA, USA) attached to an
infra-red gas analyser (IRGA; EGM4, PP Systems, MA,
USA). Soil respiration was only measured during the snow-
free period, see SI methods for details.
Statistical analysis
6All statistical analyses were performed in R v.3.6.0 [36].
Linear mixed effects models were used to test our three
research questions, with sampling time point, treatment,
and their interaction as fixed effects, and plot as a random
effect due to repeated measures being taken on the same
plots, using the R package ‘nlme’ (see SI methods for
details). To further investigate the effect of snowmelt
timing on seasonal transitions, we also used linear
regression to assess how soil microbial and biogeochem-
ical parameters changed during the snowmelt (1/6) sam-
pling time point, which corresponded with the majority of
snowmelt across all plots and maximum treatment effects
(see SI methods for details).
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Results
Seasonal dynamics of soil microbial communities
and biogeochemical cycling
Our data revealed a marked winter to summer transition in
the abundance and composition of soil bacterial and fungal
communities, as well as the relative abundances of genes
coding for enzymes catalysing key processes in C and N
cycling and potential enzyme activities. Further, these
changes in soil microbial community composition and
functioning were accompanied by extensive changes in
biogeochemical pools and fluxes. The biomass of the active
soil microbial community, measured using total PLFA
abundance, decreased by 88% from late winter to summer,
with fungi and bacteria both showing similar declines
(Fig. 1a and b, Supplementary Fig. S2 and Supplementary
Table S1). Bacteria were more abundant than fungi
throughout the sampling period, especially during snowmelt
(ratio of fungal: bacterial PLFA markers; fig. S2), and Gram
negative bacteria dominated over Gram positive bacteria,
particularly in winter (ratio of Gram+: Gram- PLFA mar-
kers; Supplementary Fig. S2). The composition of soil
microbiomes, assessed using molecular barcoding approa-
ches, indicated marked differences between seasons for
bacterial and fungal orders (Fig. 1c, d, Supplementary Fig.
S2 and Supplementary Table S1). Notably, Acidobacter-
iales increased in relative abundance by 301% from winter
to summer and became the second most abundant order. In
contrast, Actinomycetales, the second most abundant order
in winter, decreased in relative abundance by 42% in
summer. The relative abundances of the fungal orders
Pleosporales, Atheliales and Pezizales decreased by 50%,
71% and 88%, respectively from winter to summer, whereas
Geminibasidiales increased by >8000%. The largely root-






















































































































Fig. 1 Seasonal transitions and the effect of snow manipulation
treatments on soil microbial community composition. PLFA marker
abundance for a fungi and b bacteria; only relevant significant dif-
ferences (p < 0.05) are shown; which demonstrate (1) how timing of
the seasonal transition differs between treatments (i.e., significant
differences between winter treatment means and means of the same
treatment in other sampling time points) indicated with *; and (2) any
significant differences between treatment means within individual time
points (lowercase letters). Mean relative abundance of c bacterial and d
fungal orders, with orders that differed significantly across sampling
time points in bold. Boxplots show mean, ±SE and range.
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abundance by 93% from late winter to summer, and became
the dominant fungal order.
The seasonal transition in soil microbial community
composition was accompanied by a marked shift in poten-
tial microbial functioning. Relative abundances of various
genes coding for enzymes involved in key N-cycling
pathways increased significantly in summer (Fig. 2a). Large
increases were detected for nitrification genes, including the
ammonia-oxidising archaeal (AOA) genes amoA, amoB and
amoC, and in the nitrite-oxidising genes nxrA and nxrB
(Fig. 2a). We also detected smaller, but significant increases
in the relative abundance of nitrogen fixation (nifK), deni-
trification (nirK and nosZ), nitrate reduction (NR, narH and
narI) and organic N synthesis (gdh_K00261 and
gdh_k00262) genes. Similarly, the relative abundance of
nine subfamilies of modules of cellobiohydrolases (CBH),
β-glycosidases (GLC), and β-xylosidases (XYL), which are
important for C cycling, increased in summer (Supple-
mentary Fig. S3), whereas the relative abundances of seven
GH43 subfamilies harboured only by XYL decreased in
summer (Supplementary Fig. S3).
Microbial biomass-specific enzyme activity increased by
118–274% in summer for most measured enzymatic activ-
ities involved in C-cycling, along with phosphatase (PHO)
activity (Supplementary Table S2). However, their potential
activity decreased in summer relative to winter
(Supplementary Fig. S4). Similar decreases were detected in
potential urease (URE) and N-acetylglucosaminidase
(NAG) activity (Fig. 3a, Supplementary Fig. S4). In con-
trast, potential activities of phenol oxidase (POX) and per-
oxidase (PER) increased in summer relative to winter by
over 50% (Fig. 3b, Supplementary Table S2), while their
microbial biomass-specific activity increased by >1000%
(Supplementary Table S2). Soil respiration, an integrated
measure of soil activity in situ, was highest directly after
snowmelt, but decreased in summer (Supplementary
Fig. S4).
Marked transitions in abiotic soil properties accompanied
observed shifts in soil microbial community composition and
functioning. We detected large declines in soil pH (from 6.8
to 4.9), available NH4
+ (−99%), dissolved organic nitrogen
(DON, −83%), dissolved total organic carbon (DOC,
−92%) and gravimetric soil water content (−44%) between
late winter and summer (Fig. 4a–c, Supplementary Fig. S5,
Supplementary Table S3). In contrast, available NO3
- and the
ratio of DON to available inorganic N increased by 46% and
329%, respectively in summer compared to late winter
(Fig. 4d, Supplementary Fig. S5, Supplementary Table S3).
Furthermore, during lab incubation of soil samples at 25 °C
for 14 days, rates of ammonification and nitrification chan-
ged from −22 (±4; mean ± SE) and 60 (±7) µg N g−1 dry soil
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Fig. 2 Reconstruction of the
complete nitrogen cycle based
on gene relative abundances. a
Relative potential for each
pathway presented as the log-
ratio of summer (8/7): winter
(28/3), with zero showing no
change (white boxes), positive
numbers (red boxes) showing
higher potential in summer and
negative numbers (blue boxes)
showing higher potential in
winter. Asterisks and bold
names indicate statistically
significant changes in gene
relative abundances. b
Distribution and abundance of
the nitrogen cycle genes during
different seasons (left) and in
treatments during snowmelt (1/
6) (right). Different pathways
are depicted with distinct
colours and circle size indicates
relative abundances of genes.






































































Fig. 4 Seasonal transitions and the effect of snow manipulation
treatments on soil biogeochemistry and pH. a Soil pH, b NH4
+-N
concentration, c dissolved organic nitrogen (DON), d NO3
--N con-
centration. Only relevant significant differences (p < 0.05) are shown;
which demonstrate (1) how timing of the seasonal transition differs
between treatments (i.e., differences between winter treatment means
and means of the same treatment in other sampling time points)
indicated with *; and (2) any significant differences between treatment
means within individual time points, indicated with lowercase letters.




















































































Fig. 3 Seasonal transitions and the effect of snow manipulation
treatments on soil extracellular enzyme activities. Potential enzy-
matic activity of a urease and b phenol oxidase. For a only relevant
significant differences (p < 0.05) are shown; which demonstrate (1)
how timing of the seasonal transition differs between treatments (i.e.,
differences between winter treatment means and means of the same
treatment in other sampling time points), indicated with *; and (2) any
significant differences between treatment means within individual
sampling time points (lowercase letters). For b significant differences
(p < 0.05) are indicated with lowercase letters. Boxplots show mean,
±SE and range.
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µg N g−1 dry soil day−1 in summer (Supplementary
Table S3).
Effects of snowmelt timing and preceding winter
conditions
The snow manipulation treatments significantly affected the
timing of transitions in soil microbial community composi-
tion, functioning and biogeochemical cycling. The snow
removal treatment brought snowmelt timing forward by 3 and
10 days on average relative to the control and snow addition
treatments, respectively (Supplementary Fig. S1). Compared
to the control treatment, snow removal led to earlier declines
in microbial biomass (Fig. 1a and b, Supplementary Table S4)
and shifts in community composition (Supplementary Fig. S2
and Supplementary Table S4), which were associated with
earlier decreases in potential activities of URE, NAG, GLC,
CBH and XYL (Fig. 3a, b, Supplementary Fig. S4, and
Supplementary Table S4), soil pH and available NH4
+
(Fig. 4a and b, Supplementary Table S4). Snow removal also
consistently decreased microbial biomass-specific urease
activity, and consistently increased DON: available inorganic
N ratios, compared to the snow addition treatment (Supple-
mentary Fig. S5, Supplementary Table S4). The relative
abundance of the analysed genes was not as strongly affected
by the snow manipulation treatments, although some
responses to snow manipulation, albeit not significant, were
detected. Genes involved in C and N cycling that showed
significantly higher relative abundances in summer (e.g.,
amoA, amoB and amoC; Fig. 2a), also tended to show higher
abundance in the snow removal treatment during snowmelt
(1/6) (Fig. 2b), whereas genes that showed higher relative
abundances in winter (e.g., subfamilies harboured only by β-
xylosidases) tended to show higher abundances in the snow
addition treatment during snowmelt (1/6) (Supplementary
Fig. S3).
During the second sampling time point (snowmelt 1/6),
which corresponded with the majority of snowmelt across
our site and the maximum differences between treatments,
snowmelt timing significantly (p < 0.05) explained 40–85%
of the variation (based on R2 values) in 22 measured soil
parameters. These included: total, fungal and bacterial
biomass; the abundance of fungi relative to bacteria (i.e., F:
B ratio); the relative abundances of the bacterial orders
Ellin6513 and Ellin5290 and fungal orders Pezizales and
Geminibasidiales; the potential activity of six enzymes
(URE, NAG, PHO, CBH, XYL and GLC); the microbial
biomass-specific activity of POX and PER; and a range of
soil abiotic properties, including pH, DOC, available NH4
+,
DON, CN ratio and gravimetric water content (Fig. 5 and
Supplementary Table S5). By this time point (snowmelt 1/
6), 80% of the snow removal plots had melted completely,
whereas none of the snow addition plots had.
Preceding winter conditions did not affect soil microbial or
biogeochemical processes during the phenological phase of
snowmelt, irrespective of snowmelt timing. There were no
significant differences (p < 0.05) between the removal treat-
ment on 01/06, the control treatment on 08/06, and the addi-
tion treatment on the 12/06, for any of the parameters that we
measured (Figs. 1–4 and Supplementary Figs. S1–S4).
Discussion
Our data show that spring snowmelt in high alpine grassland
triggers an abrupt transition in soil microbial community
composition, which is accompanied by simultaneous shifts in
a wide array of soil microbial functions, and biogeochemical
pools and fluxes. Our findings also demonstrate that reduced
snow cover, which is expected under climate change in alpine
regions [7], advances this seasonal transition. The relatively
modest (max. 10 day) advance in snowmelt timing observed
in our study was ecologically significant, yet more extreme
advances in snowmelt timing are forecast for the end of the
century. Our findings suggest that these future advances in
snowmelt timing will have far-reaching implications for
annual C and N fluxes, plant community composition, and
ecosystem productivity, in globally widespread alpine
grasslands.
Our study advances current understanding in microbial
ecology and biogeochemistry by demonstrating that
temporal transitions in soil microbial community com-
position, under field conditions, are explicitly linked to
shifts in soil microbial functioning and biogeochemical
cycling. High microbial biomass during winter was
associated with high potential soil enzyme activities. This
shows that key microbial-mediated biogeochemical pro-
cesses continue to operate under snow in high alpine
grasslands, as in other ecosystems [9, 17]. In particular,
our findings indicate that winter soil microbial commu-
nities contribute to breaking down organic compounds,
such as xylan, cellulose and chitin [52, 53], which con-
stitute much of the dead plant, invertebrate and fungal
residues in winter soils [17]. Our data also reveal that the
microbial taxa that dominate soil microbial communities
in winter are associated with these microbial functions.
Specifically, the fungal order Thelebolales, and bacterial
orders Actinomycetales and Bacilliales, are all closely
associated with cellulose degradation [54–56]. Cellulose
fibres are hard to access, but the hyphal growth of fungi
and cellulolytic actinomycetes can penetrate pores in the
plant cell wall, and thereby bring the cellulases into close
contact with the cellulose polymers [55]. While potential
enzyme activities were high in winter, microbial biomass-
specific enzyme activities increased in summer. This
indicates that high microbial biomass likely explains high
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potential enzyme activities in winter, but that microbes
typically invested more in enzyme production, especially
the lignin-degrading enzymes POX and PER, in summer.
The pH of our buffer solution (5.0) corresponded closely
with in-situ summer soil pH (mean= 4.9), but was lower
than winter soil pH (mean= 6.8). Given that soil pH
influences potential enzyme activities [57], the potential
activities we measured in winter, and in the addition
treatment during snowmelt, may not have been as accu-
rate as those measured in summer, or in the removal
treatment during snowmelt (Fig. 4a). Nevertheless, the
stable soil temperature and moisture (fig. S1), high sub-
strate availability, and high microbial biomass typically
found under the snow in winter [13, 17], suggest that
while the rate of in-situ soil enzyme activity is likely to
be lower than that measured in the lab, total enzyme
activity over the winter will still be high [17]. This would
also explain the high concentrations of dissolved organic
C and N, along with available NH4
+, in winter soil.
The composition of soil microbial communities in sum-
mer was closely related to the key functions occurring in
summer, and were typical for the more acidic (pH= 4.9),
nutrient-poor summer soil conditions [58]. Specifically,
Acidobacteriales and Solibacterales, which are both strongly
associated with acidic soils and lignin degradation [56],
became abundant members of bacterial communities. This
likely explains the higher potential activity and microbial
investment in lignin-degrading enzymes POX and PER in
summer. Lignin degradation may indicate that microbes are
resorting to mining N from more recalcitrant organic matter
pools due to severely N-limited conditions [53, 59], which
corresponds with the dramatic decreases in DON (−83%)
and available NH4
+ (−99%). We also detected higher rela-
tive abundances of genes involved in nitrification, particu-
larly amoA, amoB and amoC of AOA. The increasing
importance of AOA likely reflects the combination of lower
soil pH in summer and a legacy of high rates of nitrification
following snowmelt, fuelled by large amounts of NH4
+ that
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Fig. 5 The effect of snowmelt
timing on seasonal transition
in soil microbial community
composition, functioning and
biogeochemical cycling during
snowmelt (1/6). PLFA marker
abundance for a fungi and b
bacteria, c soil C:N ratio, d pH,
e NH4
+-N concentration,
f dissolved organic nitrogen
(DON), g potential urease
(URE) activity, and h potential
N-acetylglucosaminidase (NAG)
activity. Snowmelt timing refers
to the time (days) when each
plot was sampled in relation to
when it melted-out (i.e., day
zero). *log10 transformed to
meet model assumptions
(untransformed data shown). See
Supplementary Table S5 for full
list of variables. Shaded area
represents 95% confidence
interval.
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accumulated during winter [60, 61]. High nitrification rates
during snowmelt likely contributed to the substantial
reductions in soil pH observed during snowmelt, given that
H+ ions are produced during nitrification. The much lower
microbial biomass and soil N availability observed in sum-
mer was largely due to rapid reductions in bacterial and
fungal abundances, DON and available NH4
+ that occurred
during snowmelt. The N contained in these pools was likely
either lost via nitrification and subsequent nitrate leaching in
meltwater [62], as suggested by the high relative abundance
of nitrifying AOA genes and peak in soil NO3
- concentra-
tions in spring, or taken up by alpine plants [63]. Alongside
reductions in microbial biomass and soil N availability,
snowmelt also triggered abrupt shifts in microbial compo-
sition (e.g., relative abundance of Geminibasidiales),
potential enzyme activities involved in C and N cycling
(e.g., URE, NAG, CBH, XYL and GLC), and soil pH. Our
findings demonstrate the central role of spring snowmelt in
controlling the temporal dynamics of soil microbial com-
munity composition, which are closely connected to changes
in soil N cycling under field conditions in alpine grassland.
Our findings show that changes in the timing of spring
snowmelt alter the timing of seasonal transitions in soil
microbial community composition, functioning and bio-
geochemical cycling in alpine grassland. However, we
found no evidence that preceding winter conditions,
including increased frequency and severity of freeze-thaw
cycles, influenced the microbial and biogeochemical pro-
cesses occurring during snowmelt. Rather, the main
mechanism that underpinned the ecological impact of
reduced winter snow cover was the earlier transition in soil
microbial communities and biogeochemical cycling due to
earlier snowmelt. This advances our understanding of soil
microbial responses to climate change because it demon-
strates that seasonal transitions in soil microbial community
composition, functioning and biogeochemical cycling will
likely occur earlier with reduced snow cover, which is
expected in alpine regions due to climate change [7]. As a
consequence, the important ecosystem functions performed
by winter soil microbial communities, such as the break-
down of complex litter residues [16, 17] and associated
build-up of high soil DON and available NH4
+, will likely
be reduced in alpine regions under future climates. This
could result in a potential mismatch between seasonal soil
N fluxes and the onset of plant growth during spring [25],
with implications for annual ecosystem C and N fluxes.
The peak in available NO3
− following snowmelt is
important because alpine plant species often prefer NO3
−
as their N source [64], and the N made available to alpine
plants during snowmelt likely fulfils much of their annual
N demand [65]. However, the onset of plant growth in
spring may not keep pace with earlier snowmelt [25]. Snow
removal also led to a consistent increase in the DON:
inorganic N ratio compared with snow addition. Reduced
snow cover may therefore shift soil N availability towards
organic N, possibly as a result of inorganic N losses during
freeze-thaw cycles or nitrate leaching during snowmelt
[62], which could affect plant community composition
[66, 67].
Together, our findings demonstrate that abrupt transitions
in soil microbial community composition during snowmelt
are closely linked to shifts in a wide array of microbial
functions and biogeochemical cycling. Further, we show
through observation and experimental snow manipulation
that this abrupt seasonal transition is advanced by earlier
snowmelt, although the processes that take place during
snowmelt were not altered by preceding winter conditions.
Given that climate change is expected to lead to reduced
snow cover and earlier snowmelt, our results suggest that
the transition in soil microbial communities from winter to
summer will occur earlier in the year. This could potentially
lead to altered annual C and N fluxes in seasonally snow-
covered ecosystems. While the differences in snowmelt
timing due to our experimental treatments were ecologically
significant, they were also modest (max. 10 days) compared
to those predicted for the end of this century, with snowmelt
expected to occur 50–130 days earlier in the European Alps
[8]. Changes in snowmelt timing of this magnitude will
likely have far reaching consequences for biogeochemical
cycling, and plant growth, in these vulnerable, globally
widespread ecosystems.
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